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Biological materials interest biologists and engineers for their 
complex interactions among constituents and unique mechanical 
properties. While the heterogeneous tissue structure and its material 
properties are responsible for intriguing biomechanics, they pose 
challenges for sectioning, particularly in regions with stark tissue 
boundaries. Microscopists level this playing field when sectioning 
samples by embedding them in paraffin or plastic; but for scan-
ning electron microscopy, natural morphology must be preserved 
without sacrificing the sample’s surface contours. Here we outline 
a simple preparation method for visualizing in cryoSEM the calci-
fied cartilage of sharks and rays (elasmobranch fishes), a layered 
biocomposite that has traditionally been considered difficult to 
prepare for microscopy.

Elasmobranch skeletons are made almost entirely of a cartilage 
similar to the gel-like hyaline cartilage in our joints. Yet in most 
parts of the body, the cartilage is covered by a superficial bark of 
abutting tiles (tesserae) that tessellate the surface but lie beneath the 
fibrous perichondrium that wraps each skeletal element (Figs.1, 2A) 
(Applegate,1967; Clement,1992; Dean & Summers, 2006; Dingerkus 
et al., 1991, Kemp & Westrin,1979).

The structure is a multilayer composite comprised of a ceramic 
mineralized layer overlain by fibrous tissue and underlain by a 
viscoelastic gel (Dean et al., 2005; Dean & Summers, 2006). Inter-
actions between the layers are complex: the fibrous tissue grades 
into its insertion in tesserae, adjoining adjacent tiles and anchoring 
them to the perichondrium and underlying unmineralized carti-
lage (Dean & Summers, 2006; Summers, 2000). The mineralized 
and unmineralized cartilage phases are also tightly related, appar-
ent from the ubiquity of chondrocytes (cartilage cells), scattered 
through both the unmineralized matrix and tesserae, which are rife 

with mineralized lacunae (Fig. 2) (Kemp & Westrin, 1979; Dean & 
Summers, 2006; Summers, 2000).

Despite the involvement of the two cartilage phases our EDX 
and indentation assays show the material boundary is sharp; moving 
from the uncalcified cartilage into the tesserae, calcium and phos-
phate levels immediately skyrocket and material stiffness modulus 
increases by 3 orders of magnitude to roughly 2GPa (Dean et al., 
2005; Dean & Summers, 2007; Dean, 2007). Like other soft-hard 
musculoskeletal boundaries (e.g., tendon entheses in bone), the 
transition region represents an integrated biocomposite. The whole 
may be more than the parts: as in straw and mud combining to 
form a thatch that is strong and tough, in tessellated cartilage we 
believe that commingling of the hydroxyapatite ceramic with the 
viscoelastic gel results in a skeleton that is both stiff and has a high 
damping capacity.

As we hypothesize that the combination of the two tissue phases 
results in the intriguing fatigue-resistant properties of the tessellated 
skeleton, in our SEM work we are most interested in the morpholog-
ical interaction of the tissue phases. It is this interaction that makes 
sample preparation so awkward: methods that are perfect for one 

Figure 1. Anatomy of the tessellated skeleton and comparison between 
two tissue preparation methods. In cross-section, the cartilage of sharks and 
rays appears as a core of uncalcified cartilage (UC) tiled with a surface bark 
of mineralized tesserae (T) overlain by fibrous perichondrium. Specimens 
of stingray jaw prepared by critical point drying (panel A, shown in a 
backscatter electron micrograph where calcified tissue is white) are greatly 
distorted by collapse of the uncalcified tissue, whereas those prepared by 
the cryoSEM method discussed in the current article (panel B) provide a 
more accurate window into the tissue’s native state. Note the camera view 
in panel B is somewhat oblique and tesserae can be seen in cross-section 
at the top of the image and in surface view, covered by perichondrium, at 
the bottom.

Figure 2. Fine scale morphology of the interfacial region of stingray cartilage. The schematic (panel A) illustrates the basic “sandwich” morphology of 
tessellated cartilage, in which tesserae (T) surmount uncalcified cartilage (UC) and in turn are covered by perichondrium (PC). A comparison of preservation 
methods illustrates that critical point drying (panel B) results in collapse and folding of the uncalcified tissue relative to our cryoSEM method (panels C, D) 
where chondrocytes (CH) remain ovoid, filling their lacunae (L) in both tissue phases. Our method also ensures a planar surface across the tissue interface 
(panel D), maintaining the fine scale interactions of chondrocytes and tesserae.
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tissue may ignore or be detrimental to the morphology of another. 
For example, previous studies have focused mostly on the tesserae 
themselves at the expense of the uncalcified matrix, in some cases, 
examining air-dried specimens or employing bleach protocols to 
remove the perichondrium (e.g. Applegate, 1967; Kemp & Westrin, 
1979; Dingerkus et al., 1991; Clement,1992). Decalcification (e.g. 
in EDTA) facilitates sectioning for light microscopy (e.g. Kemp & 
Westrin,1979; Clement,1992; Eames et al., 2007) but it is unclear if 
this alters morphologies native to the calcified phase. Critical point 
drying for SEM provides useful views of tesserae but distorts the 
organic phase, resulting in drastic changes in sample geometry from 
the shriveling of unmineralized cartilage and perichondrial and 
inter-tesseral fibrous interactions (Fig.1A, 2B). In addition, because 
tesserae are stiff with complex interdigitations, cross-sectioning 
elasmobranch skeletal samples for traditional SEM is damaging to 
the micromorphology of interest. Synchrotron radiation can provide 
ultra-high resolution tomograms of hydrated samples that preserve 
intertesseral joint morphologies; however, radio-transparent soft 
tissues are not visible.

Low temperature scanning electron microscopy (cryoSEM) 
obviates many of these issues; here, we discuss a cryoSEM meth-
odology that provides a rapid and effective means of visualizing 
tessellated cartilage (Fig. 3). Previously we have used a cryoSEM 
approach, in order to visualize tiny secretory droplets in the con-
tact between fly attachment devices (pulvilli) and smooth surfaces 
(Gorb, 2006). Here we report on the cryoSEM protocol for examin-
ing an ontogenetic series of fresh stingray (Urobatis halleri) jaws 
(ranging from 1- 5cm in the longest dimension and 0.5-1cm thick), 
however, we imagine this protocol to be useful for many skeletal 
tissues with sharp material boundaries.

First, we removed samples from the muscular and tendinous 
tissue, leaving a skeletal element wrapped primarily in perichon-
drium. We then clamped the specimen tightly in a metal holder and 
plunge-froze the stub in slushed liquid nitrogen before introducing 
it to the - 140° cooled preparation chamber (Gatan Alto 2500) (Fig. 
3). In our microscope (Hitachi-4800), this chamber is equipped 
with a cold scalpel blade with a long, user-controlled handle for 
sample sectioning; we used the scalpel to “pop” the top off of the 
sample. This created a new surface parallel to the holder, with the 
low temperatures ensuring a fracture plane much cleaner than that 
obtained in room temperature sectioning. This is the step most 
prone to user-error; success is largely dependent on the sharpness 
of the scalpel and the tightness of the cryoholder’s purchase on 
the sample.

We then increased specimen temperature to -95° and etched 
the sample for 10-15 minutes to remove the thin layer of water or/
and contamination occasionally caused by ice crystals that obscure 
surface morphology. The preparation chamber was returned to its 

original temperature (-140°); longer etching periods typically re-
sulted in visible distortion of the uncalcified matrix. After transfer-
ring the sample to the SEM chamber, the tissue could be visualized 
with the greatest detail; however, to avoid charging (e.g. Fig. 2B), 
we typically sputter coated it with gold palladium (layer thickness 
- 6 nm) and then visualized the sample at low accelerating voltage 
(1-2 kV) at the sample stage temperature of -120°. The strength of 
this simple protocol is its ability to stabilize the tissue interface and 
provide a smooth-faced cross-section of the skeletal element (Fig. 
2). Not only is the tidemark between cartilage phases rendered as 
a planar surface (Fig. 2C), but chondrocytes and their pericellular 
tissues are clearly visible throughout (Figs. 2D, 4) and fibrous tissue 
insertions into mineralized tissues are maintained in their natural 
configurations. From samples prepared this way, we were able to 
learn ultrastructural details of native tessellated cartilage and quan-
tify aspect ratios and densities for chondrocytes and tesserae from 
the same images (Dean, 2007; Dean & Summers, 2007).

Although the technique works well for visualizing soft tissue 
phases interacting intimately with hard tissue phases, it has short-
comings for more ambitious and higher resolution applications. 
Whereas the basic interfacial morphology is maintained, there are 
surely soft tissue distortions resulting from the phase changes of 
water during freezing (Hunziker et al., 1984, 1997; Tavakol et al., 
1993). Although we are confident that the densities and aspect ra-
tios of chondrocytes are accurate, the webbing effect visible in the 
uncalcified extra-cellular matrix is likely a freezing artifact rather 
than a representation of the collagen fiber organization of the tissue 
(Figs. 3, 4) (Hunziker et al, 1984, 1997).

Figure 3. Diagram of the described cryoSEM methodology for sectioning and visualizing elasmobranch cartilage.

Figure 4. Pseudocolored image of a cow articular cartilage chondrocyte 
(CH) prepared using the described method. The webbed appearance of 
the surrounding uncalcified cartilage (UC) matrix is likely a preservation 
artifact. Organelles are visible and well-preserved within the cell; this 
was more common for mammalian than stingray tissue and may point to 
structural differences between the two cartilages.
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High-pressure freezing (HPF) would more accurately pre-
serve the matrix but has maximum size constraints that, given the 
structure of this skeletal material, would necessitate tissue samples 
that are too small for our questions of interest (Studer et al. 1995). 
Tesserae are relatively macroscopic structures ranging from several 
hundred microns to nearly 1 millimeter across; in most dried jaws 
of large sharks they can be seen with the naked eye. To visualize 
the tissue interface using HPF preparation method, the requisite 
sample dimensions and the stiffness of the tesserae would demand 
a very sharp and precise tissue punch. In addition, as efficacy of 
HPF on cartilage is strongly time-dependent, tissue would need to 
be prepared immediately following the death of the fish; this would 
make field collection of specimens very difficult, although HPF of 
tessellated cartilage may be possible for laboratory specimens.

Although our methodology was designed to look at a specific 
material, we imagine the order of events will be useful for other skel-
etal tissues with soft/hard interfaces. However, durations of different 
stages of the protocol will naturally have to be varied according to 
specimen size and the results may vary across cartilage types. We 
found that cow cartilage, sectioned similarly, yielded much greater 
detail at the cellular level, such that organelles were clearly visible in 
fractured chondrocytes (Fig. 4). This visible difference may point to 
compositional differences between mammalian and elasmobranch 
cartilage and warrants some further investigation.   n
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towards morphological and topographical features - such as edges, grain 
boundaries, etc. could occur.  Such segregation is ‘real’ and is revealed by 
BSE. The ‘edge effects’ observed in SE imaging are purely a consequence of 
sample topography on the physics of the imaging method. As has already 
been mentioned, preparing a truly flat sample is difficult. In this case, 
SE imaging can reveal differences in sample height but BSE imaging will 
tend to indicate compositional variations. You should also keep in mind 
channeling effects, arising from sample crystallography, which give rise 
to contrast variations unrelated to composition or topography. And while 
these are generally ‘bulk’, that is the whole grain has a contrast determined 
by orientation and crystallography, it is possible for crystal orientation to 
be distorted at grain boundaries, leading to contrast changes which could 
be interpreted as elemental segregation. To separate such effect, you need 
BSE images plus EDS mapping. Larry Stoter <larry@cymru.freewire.
co.uk> 15 Sep 2006 
SEM – Backscattered electron images

I am trying to understand what is happening with a set of BSE images. 
Your comments will be welcome! Below are links to two images. The first 
(1.5 Mb) shows two BSE images of a nickel based super alloy (Ni-Cr-Fe-Ti). 
Both were acquired using a 4-diode detector, 5 kV. beam, and as close to 
zero degrees tilt as I could set the stage. The top of the first image is in the 
“as polished” condition, the lower portion of the image is after a very light 
electro-etch. Notice the difference in channeling contrast. Z-contrast seems 
largely unaffected (e.g. Ti and Cr carbide inclusions). Perhaps the difference is 
from my inability to set exactly the same tilt, but they should be within a few 
degrees (or better) of the same value. Why the dramatic reversal of contrast 
for some grains? The second image is simply a 60 degree tilt SE image of the 
same general area to show relief of the carbides due to both polishing and the 
etch. Not much.  http://www.bwxt.com/operations/images/sem/126867_859.
jpg and http://www.bwxt.com/operations/images/sem/126866.jpg. Woody 

White <nwwhite@bwxt.com> 19 Sep 2006
What a great puzzler. Have you tried tilting on purpose? Perhaps going 

through a tilt series would be informative. One degree increments or even 
half a degree could show significant changes in grey level of some grains. 
John Chandler <jpchandl@mines.edu> 18 Sep 2006 

It looks as if the crystallographic contrast would dominate on chemical 
contrast. As John proposed, try with tilting. Channeling is very sensitive to 
small angle tilting, half a degree to a few degrees. If the contrast changes with 
so small angles, it’s channeling; then try with higher energy. And another 
question: I’ve never worked with a 4 sector BSE detector, but people from 
FEI talked me from artifacts arising on these. Can you work in two sector 
mode, combining the four sectors in two pairs? Try with different pairs. 
Maybe it helps to understand what happens. J. Faerber <jacques.faerber@
ipcms.u-strasbg.fr> 19 Sep 2006

Can you repeat these 2 images? If so, I’d suggest duplicating this, while 
being particularly careful of the conditions. That is, I have seen a BSED 
flip its BEI contrast for different beam currents. Which is still a question in 
my mind why it happened, but it did happen with a Cameca multichannel 
(5-pair) BSED, and I watched the BEI response flip in going from 15 to 
~20 nA. I thought at the time it must have been a fluke with the BEI video 
amplifier. On another note, can you play with the effect of tilt by rotating 
the stage? Michael Shaffer <michael@shaffer.net> 19 Sep 2006

I would suspect that the reason for the difference has more to do with 
the removal of the thin, amorphous layer left on the as-polished sample, 
but I must admit that the contrast reversal is dramatic. BSE can be very 
strange that way and I never get the same image contrast twice on the same 
sample. Try tilting slightly and watch it change, particularly when you are 
viewing channeling contrast on a homogenous, single-phase sample. Mary 
Mager <mager@interchange.ubc.ca> 19 Sep 2006
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